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ABSTRACT: The observed levels of∆GATP in chloroplasts, as well as the activation behavior of the CF1CF0-
ATP synthase, suggest a minimum transthylakoid proton motive force (pmf) equivalent to a∆pH of ∼2.5
units. If, as is commonly believed, all transthylakoidpmf is stored as∆pH, this would indicate a lumen
pH of less than∼5. In contrast, we have presented evidence that the pH of the thylakoid lumen does not
drop below pH∼5.8 [Kramer, D. M., Sacksteder, C. A., and Cruz, J. A. (1999)Photosynth. Res. 60,
151-163], leading us to propose that∆ψ can contribute to steady-statepmf. In this work, it is demonstrated,
through assays on isolated thylakoids and computer simulations, that thylakoids can store a substantial
fraction of pmf as∆ψ, provided that the activities of ions permeable to the thylakoid membrane in the
chloroplast stromal compartment are relatively low and the buffering capacity (â) for protons of the lumen
is relatively high. Measurements of the light-induced electrochromic shift (ECS) confirm the ionic strength
behavior of steady-state∆ψ in isolated, partially uncoupled thylakoids. Measurements of the ECS in
intact plants illuminated for 65 s were consistent with low concentrations of permeable ions and∼50%
storage ofpmfas∆ψ. We propose that the plant cell, possibly at the level of the inner chloroplast envelope,
can control the parsing ofpmf into ∆ψ and ∆pH by regulating the ionic strength and balance of the
chloroplast. In addition, this work demonstrates that, under certain conditions, the kinetics of the light-
induced ECS can be used to estimate the fractions ofpmf stored as∆ψ and ∆pH both in vitro and in
vivo.

In the chemiosmotic mechanism proposed by Mitchell (1),
free energy released from exergonic reactions (metabolism
or the electron transfer reactions of photosynthesis) is stored
in the form of a transmembrane electrochemical gradient of
protons, called the proton motive force (pmf).1 In turn, the
dissipation of pmf is coupled to the synthesis of ATP.
Because protons are charged,pmf consists of two compo-

nents, i.e., transmembrane differences in the concentration
of protons (expressed as∆pH) and in the electric field (∆ψ).
It has been established that the two components ofpmf are
thermodynamically equivalent (2), so the total driving force
for ATP synthesis may be expressed as the sum of these
energetic components:

where∆ψi-o and∆pHo-i represent the electric field and the
difference in pH, respectively, calculated as outside (stroma)
minus inside (lumen),R is the universal gas constant, andF
is Faraday’s constant. Conversely, in thermodynamic terms,
pmf may be parsed equivalently into∆ψ and∆pH.

The kinetic and physiological consequences of storingpmf
in these two forms are clearly different. First,∆ψ and∆pH
are not kinetically equivalent driving forces at the ATP
synthase. In the cases of the mitochondrial andEscherichia
coli enzymes,∆ψ is the more effective component ofpmf
for maintaining catalytic turnover, while for the chloroplast
enzyme,∆ψ and∆pH are nearly equivalent (3-6). Thus, it
has been argued that some∆ψ is required, at least for
respiration (7). Physiologically, the establishment of a
substantial∆pH component in mitochondria and bacteria
would incur a substantial alteration of pH in one or more
cellular compartments. Consequently, these systems possess
molecular machinery for maintainingpmfpredominantly in
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the proton motive force;∆µ̃i, difference in chemical activities of ion i;
DOFS, diffused optics flash spectrophotometer; ECS, electrochromic
shift of light-harvesting pigments; ECSss, extent of ECS signal in the
steady state; ECSinv, change in ECS upon a rapid light-dark transition,
which extends below the baseline taken in the dark and reflecting the
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statepmf; EDTA, ethylenediaminetetraacetic acid; CCCP, carbonyl
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pmf) ∆ψi-o + 2.3RT
F

∆pHo-i (1)
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the form of ∆ψ so as to prevent inactivation of important
acid-label enzymes (e.g., refs8 and9).

In contrast, despite early work showing thatpmf can be
stored as∆ψ as long as the concentrations of permeable ions
are low (10-13), it has become the textbook view that
thylakoids of higher plants storepmf almost exclusively as
∆pH (see refs14-17). This conclusion was mainly derived
from work on isolated thylakoid membranes and on giant
chloroplasts ofPeperomia metallia(see review in ref17).
Upon illumination, several phases ofpmf storage are
observed in these experimental systems. The electrical
capacitance of the thylakoid membrane is relatively low,
∼0.6-1 µF/cm2, but the proton buffering capacities of the
lumen and stroma are high (18, 19). Consequently, when
actinic light is applied,pmf is first formed almost exclusively
as∆ψ. However,∆ψ collapses on the time scale of many
seconds as counterions, notably, Cl-, Mg2+, and K+, leak
across the thylakoid membrane in response to the electric
field (17, 18, 20, 21). Essentially,∆ψ is replaced by ion
gradients. If the overall ionic strengths of thylakoid mem-
brane permeable ions (I) are high, the resulting trans-
membrane ratios of ion concentrations will be small, and
the majority of∆ψ will be dissipated.

Indeed, it can be argued that a pH homeostatic apparatus
in thylakoids is superfluous, and thus would have been lost
during evolution, because relatively few enzymes are con-
tained in the lumen, and that these may have evolved to
tolerate low pH. On the other hand, we have recently
presented arguments, based on the enzymatic properties and
stabilities of lumenal enzymes, that the pH of the thylakoid
lumen does not drop below 5.8 during normal in vivo
photosynthesis (22). A similar conclusion was reached by
Tikhonov and co-workers based on∆pH estimates and P700

+

re-reduction kinetics (23, 24). To reconcile such a moderate
lumen pH with the requirement for>120 mV in pmf, we
suggested that∆ψ may contribute significantly topmf, at
least under some conditions (22).

There is, in fact, some evidence in the literature to support
a long-lived∆ψ component ofpmf, at least under special
circumstances. On the basis of the contributions of electro-
chromic shifts (ECSs) of light-harvesting pigments with
quadratic and linear dependencies on∆ψ, Joliot and Joliot
(25) and Finazzi and Rappaport (26) have argued that a stable
∆ψ is held across the thylakoid membrane of green algae
Chlamydomonas reinhardtiiandChlorella sorokinianain the
dark. We have shown that a light-induced transthylakoid∆ψ
is held during a 40 s illumination in intact higher plant leaves
(27), but the magnitude of this field has been difficult to
assess (see the discussion in refs28 and29).

The transthylakoid proton gradient is not only the energetic
intermediate for ATP synthesis but also a key feedback
regulatory component for controlling the photosynthetic
apparatus (reviewed in ref22). In chloroplasts, light is
captured by a set of light-harvesting complexes (LHCs) that
funnel energy into reaction centers, photosystem I (PS I) and
photosystem II (PS II). The absorbed energy drives the
transfer of electrons through a series of redox carriers called
the electron transfer chain (ETC). Ultimately, the electron
path leads from the oxygen-evolving complex of PS II (which
oxidizes H2O and releases O2) and continues through the
cytochrome (cyt)b6f complex to PS I, which transfers
electrons to ferredoxin, which in turn reduces NADP+ to

NADPH. Electron flux is coupled to the “pumping” of
protons across the thylakoid membrane, thereby establishing
an electrochemical potential of protons that drives the
synthesis of ATP by a chemiosmotic circuit. In this manner,
the energy-storing substrates ATP and NADPH are formed
for later use by the Calvin-Benson cycle and other
biochemical processes.

The photosynthetic apparatus must be well-regulated to
prevent overexcitation of the photosystems, which can lead
to photoinhibition (or photodestruction) of the photosynthetic
machinery (see the review in ref30). There is strong evidence
that photoinhibition can result from hindering the reactions
of the OEC, leading to the formation of highly oxidizing
and reactive species (31). This “donor side” photoinhibition
is exacerbated by low lumen pH that results from proton
pumping (32, 33). Alternatively, over-reduction of the ETC
may also lead to “acceptor side” inhibition at two separate
points. If QA, the primary quinone acceptor of PS II, becomes
over-reduced, it forms a stable plastoquinol (PQH2), which
cannot accept further electrons. PS II centers blocked in this
way tend to produce chlorophyll triplet states, which can
interact with atmospheric O2 to form the toxic singlet oxygen
(1O2). There is also good evidence that over-reduction can
permanently damage the PS I reaction center, perhaps at the
level of the iron-sulfur centers, and especially at low
temperatures (34-39).

It seems clear that either electron transfer or proton
pumping in excess of the biochemical demands for NADPH
or ATP, respectively, can lead to photoinhibition. Over the
time scale of minutes to hours, photoinhibition is prevented
in vivo by two main downregulatory processes that limit the
number of photons reaching the PS II reaction centers (see
reviews in refs40-42): the xanthophyll cycle and membrane
energization-activated nonphotochemical quenching (NPQ)
of antenna excitons (or qE). Both of these processes are
activated by acidification of the lumen (e.g., refs40, 43, and
44). In turn, these processes protect the photosynthetic
apparatus from overexcitation by harmlessly converting large
fractions of absorbed energy into heat. At full sunlight, a
limited capacity for assimilatory processes, coupled to these
downregulatory processes, can result in more than 90% of
the absorbed light being shunted to heat. As far was we now
know, the only rapidly responding photoprotective process
controlled by the ETC redox state is the so-called “state
transition”, which probably accounts for a relatively small
level of photoprotection (45, and references therein).

Given the importance ofpmf and lumen pH in the
photosynthetic energy budget, we considered the possibility
that the in vivo storage ofpmfmay differ from that observed
in vitro or in electrode-impaled cells, where ionic balance
may be disrupted. New instrumentation developed in our
laboratory (27) has made possible analysis of steady-state
changes in the electrochromic shifts (ECS) of light-harvesting
pigments, which linearly reflect the transthylakoid electric
field (46, 47). In this paper, we present data using this tool,
indicating that a substantial fraction ofpmfcan be stored as
∆ψ indefinitely under continuous light, as long as the ionic
strength of the stroma is low and the buffering capacity (â)
of the lumen for protons is high. Computer simulations also
indicate that the fractions ofpmf stored as∆ψ and ∆pH
under steady-state conditions can be estimated by analyzing
the decay kinetics of the ECS, which is linear with∆ψ (46),
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upon shuttering the actinic light, possibly allowing their assay
in vivo. We argue that changes in the parsing ofpmf into
∆ψ and∆pH will have a substantial effect on the regulatory
behavior of the chloroplast and propose a homeostatic
mechanism wherein thepmf parsing could be adjusted to
match the regulatory sensitivity to environmental conditions.

EXPERIMENTAL PROCEDURES

Computer Simulations. Computer simulations were per-
formed on a personal computer using a program written in-
house in Microsoft Visual Basic 6.0. The algorithm assumed
that, for brief time periods (10-4 s), flux through each step
was linearly related to either Ohm’s law or the flux equation
(see below). Simulations performed with time periods that
differed by a factor of 2 gave essentially identical results,
indicating that our “Newtonian approximation” was valid.
Details of the model are presented in the next section.

Working Model for Simulations of Steady-State pmf. (1)
The Light Reactions.The photosynthetic electron transfer
reactions were simplified by treating them as a single, light-
driven proton-pumping step. Because high concentrations of
methyl viologen (MV) were added to the thylakoid suspen-
sions (see below), electron transfer was probably never
limited by the PS I electron acceptor. Acidification of the
lumen can significantly hinder electron transfer in isolated
thylakoids by slowing PQH2 oxidation (48, 49, and references
therein). With this in mind, we incorporated the observed
pH dependence of plastoquinol (PQH2) oxidation, as dis-
cussed in ref22, using the approximation that a single pKa

at pH 5.5 controlled cytochromeb6f activity. The maximal
turnover of the cytb6f complex was set to 100 s-1 at pH 8
(23, 50-55), and activity dropped in proportion to degree
of protonation of the putative control group. Of course,
electron transfer will be slowed by the buildup of both forms
of pmf, but ∆ψ exerts significantly less control (26). For
the present (simplified) simulations, control by∆ψ was
ignored. Three protons were pumped into the lumen per
electron transferred to the stroma under all conditions (56,
and references therein).

(2) PassiVe Counterion Fluxes. Counterion movements
were modeled using an equation described in the pioneering
work of Vredenberg and co-workers (14, 15, 18, 57), but
modified to account for both osmotic and electric driving
forces for ion movements. This is critical for simulation of
the steady state since the osmotic and electric potentials will
come into equilibrium. The flux of an ion,φi, is described
by

wherePi is the permeability of the ion through the membrane,
ci is the concentration of the ion at the membrane, and∆µ̃i

is the difference in the chemical activities of permeable ions
on the two sides of the membrane, defined for each by

wherez is the charge of the ion,∆ψ i-o is the membrane
potential,F is Faraday’s constant, and [i]i and [i]o are ion
concentrations in the lumen and stromal compartments,
respectively. This treatment assumed that, for small concen-

tration differences, osmotic and electric field driving forces
were equivalent and that the ion channels were not activated
by membrane potential or pH. As discussed below, this is
only an approximation of the, sometimes, complex behavior
of the channels. The values ofPCl-, PK+ were taken from
the literature to be 1.8× 10-8 and 3.6× 10-8 cm s-1

(reviewed in ref58). Recently, the permeability of Mg2+

through thylakoid cation channels was found to be similar
to that of K+ (59), and thus, we setPMg2+ ) PK+.

(3) TurnoVer of the ATP Synthase. The kinetics of proton
transfer through the intact ATP synthase are dependent in a
complex way on thepmf, since it both activates the enzyme
and drives the reaction (29, 60, 61). In our in vitro studies,
we simplified the problem by partially uncoupling the
thylakoids in two ways: by addition of limiting amounts of
carbonylm-(chlorophenyl)hydrazone (CCCP) and by partial
depletion of F1 subunits from the ATP synthase (see below).
This allowed us to approximate the rapid flux of protons
observed in vivo without the addition of ADP and Pi, and to
ignore much of the complexity of ATP synthase activation
processes. Under these conditions, we assume that proton
flux follows Ohm’s law:

whereφH+ is the flux of protons across the membrane and
gH+ is the conductivity of protons through the membrane.
Changes ingH+ in our simulations by 2 orders of magnitude
affected the amplitude ofpmf, but did not significantly affect
the parsing ofpmf into ∆ψ and ∆pH (see below). We
concluded that this level of accuracy would suffice for the
purposes of this work, and the more subtle consequences of
non-Ohmic proton conductivity will be addressed in a more
detailed model to follow. On the basis of previous work (6,
62), assuming thatn, the ratio of H+ to ATP, was 4 and that
there were 10-13 mol of ATP synthase cm-2 (see below),
we arrive at a value forgH+ of 1 × 10-9 mol of H+ cm-2

V-1 s-1.
(4) Chloroplast Proton Buffering Capacity. For our

simplified calculations, the pH of the stroma was assumed
to be constant in the light at about 7.6. This was certainly
true in our thylakoid experiments, and consistent with
previous in vivo observations (63, 64). On the other hand,
the buffering capacity of the lumen is important for
understanding the partitioning ofpmf into ∆ψ and∆pH (see
below). The buffering capacity is derived from expansion
of the simple equilibrium equation

whereKi is the association constant for proton binding to
buffering group Bi-. When the concentrations of buffering
groups are evenly distributed over the pH range of interest,
a linear relationship between the total proton concentration
and pH is observed (see refs19 and 65), where â, the
buffering capacity, is defined as

φi ) Pici∆µ̃i (2)

∆µi

F
) z∆ψi-o + 2.3RT

F
log([i] i

[i] o
) (3)

φH+ ) pmf× gH+ (4)

Ki )
[H+][B i

-]

[BiH]
(5)

â ≡
d([Hf

+] + ∑
i)1

n

[BiH])

d(pH)
(6)
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The concentrations of buffering pools reviewed in ref66
yield a range ofâ from 0.02 to 0.08 M/pH. We used a value
for â of 0.03 M/pH, in agreement with the value obtained
by Junge and co-workers (19), because it gave the best fit
to our experimental data (see below).

(5) Other Thylakoid Properties. Other relevant properties
of the thylakoid system were taken from the literature as
follows. The membrane capacitance was taken to be 0.6µF/
cm2, while the ratio of lumen volume to thylakoid surface
area was taken to be 0.8 nL/cm2 (reviewed in refs18 and
58). No light-induced changes in lumen volume were
allowed, though these may be important considerations for
future work (see below). On the basis of electron micro-
graphic analysis (67), we estimated that there were ap-
proximately 2× 10-13 mol of PSI and PSII cm-2 and 10-13

mol of ATP synthase cm-2 with respect to the thylakoid
membrane area. These values were similar to those used by
Vredenberg and co-workers (17, 58). Stroma and lumen ion
and proton concentrations were assumed to be equal before
illumination (i.e., no basal or dark ion gradients orpmf).

Plant Material and Thylakoid Isolation.Spinach plants
were grown in a greenhouse as described in ref68. Freshly
isolated thylakoids were obtained from market- or greenhouse-
grown spinach as described in ref69 except that they were
resuspended in low-salt buffer containing 5 mMN-(2-
hydroxyethyl)piperazine-N′-2-ethanesulfonic acid (HEPES)/
NaOH (pH 7.6) and 330 mM sorbitol and used immediately.
In some cases, partial depletion of the CF1 portion of the
ATP synthase was achieved by a procedure adapted from
that described by Engelbrecht et al. (70), in which thylakoids
were incubated (∼14 µg of chlorophyll/mL) in buffer
containing 20µM EDTA, 5 mM HEPES/NaOH (pH 7.6),
and 330 mM sorbitol for 30 min in darkness on ice. The
extent of F1 depletion was adjusted so that the resulting decay
of the ECS upon shuttering the actinic light was ap-
proximately that observed in vivo (see below). After the CF1

depletion, thylakoids were pelleted at 10000g for 10 min
and resuspended in low-salt buffer.

For assays of the ECS, thylakoids were diluted to 20µg
of chlorophyll/mL in low-salt buffer containing 1 mM MV,
as a photosystem I acceptor. Where noted, KCl or MgCl2

was added from an aqueous 2.5 M stock. The dichloride salt
of methyl viologen, sorbitol, and HEPES were purchased
from Sigma Chemical Corp. All other chemicals were reagent
grade.

Kinetic Spectroscopy.Light-induced kinetics of the ECS
in leaves were obtained using a diffused optics flash
spectrophotometer (DOFS), designed to reduce interference
from light-induced light scattering (27). For thylakoid studies,
a modified DOFS instrument was constructed to allow use
of standard glass cuvettes. The measuring beam exiting the
diffused optics beam splitter was partially collimated by a
compound parabolic concentrator (CPC) (71) and passed
through the reference and experimental samples and blocking
filters. Light exiting the samples was concentrated using a
second set of CPCs and directed into the photodiode
detectors. This optical setup allowed the use of 1 cm path
length, 1.5 cm diameter cylindrical cuvettes, while maintain-
ing the reduced sensitivity to light scattering changes of the
DOFS instrument. The actinic light was provided by a ring
of seven red light-emitting diodes with maximal emission
at 644 nm (HLMP C116), providing approximately 300µmol

of photons m-2 s-1 along the measuring beam axis. The
optical axis of the instrument was vertical, reducing the
effects of sample settling on long time span measurements
to <100 ppm/min. This was a crucial feature for this work,
where typical traces spanned several minutes. A more
detailed description of the instrument will be presented
elsewhere.

DeconVolution of the ECS from Light Scattering Changes.
Changes in the light scattering properties of our sample are
expected when the shapes of the thylakoids or chloroplasts
change, particularly when the osmotic balance between the
stroma and lumen is altered during illumination. This should
occur when the lumen pH changes, i.e., when significant
changes occur in the osmotic component ofpmf (e.g., refs
72-77). The spectrum of the scattering changes will depend
on the optical properties of the sample (78) as well as the
instrument (27) and thus must be determined in situ. The
spectral contributions of the ECS and light scattering for
leaves were obtained as described in ref27. For thylakoids,
these contributions were obtained by treating samples with
50 mM KCl and 10µM nonactin (Sigma Chemical Corp.)
to suppress the ECS. A component spectrum for the ECS in
thylakoids was obtained by illuminating thylakoids in low
salt concentrations and in the absence of nonactin for brief
(<1 s) periods that allowed buildup of∆ψ but not∆pH (see
the discussion in ref27). The spectra (not shown) were very
similar to those reported for leaves (27). Several deconvo-
lution procedures, including the two-wavelength procedure
given in ref27, yielded similar results, but the most reliable
was obtained by subtracting a baseline, taken between signals
at 505 and 535 nm, from that at 515 nm, essentially
eliminating the scattering component but retaining a large
fraction of the ECS.

RESULTS

Effects of Ionic Strength on Partitioning of Transthylakoid
pmf into∆ψ and∆pH. Figures 1 and 2 show the effects of

FIGURE 1: Effects of ionic strength on continuous light-induced
changes in electrochromic shift (ECS) in isolated spinach thylakoids.
Thylakoids (10µg of chlorophyll/mL) were suspended in low-ionic
strength resuspension buffer with added KCl. The ECS was
measured as described in Experimental Procedures. At time zero,
samples were illuminated with 300µmol of photons of of red light
m-2 s-1 for 45 s. The estimated ionic strengths,I, were 5 (9), 10
(0), 30 (b), 55 (O), and 105 mM (2).
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varying concentrations of KCl on the light-induced kinetics
of the ECS. When thylakoids suspended in low-salt buffer,
with an ionic strength of∼5 mM, were illuminated with 300
µmol of photons m-2 s-1, a rapid increase in the ECS was
followed by a gradual decrease to a steady-state level, termed
the ECSss, which persisted for more than 40 s. This indicates
that at least some∆ψ can be held for extended periods in a
low-salt medium.

After illumination was stopped, ECS rapidly fell to a value
below the dark baseline. The difference between the baseline
and the lowest extent after the light-dark transition was
termed the ECSinv. The extent of ECSinv is related to∆pH.
The light-dark transition nearly instantly halted light-driven
proton pumping, but proton efflux continued as long aspmf
> 0. If the initial proton efflux is more rapid than the
movement of counterions, net movement of the positively
charged protons will cause an electric field “inversion”, i.e.,
a ∆ψ positive on the stromal side of the membrane (see the
discussion in ref14). Since, at baseline,∆ψ is equal to zero,
the magnitude of the field inversion, ECSinv, should be
proportional to the proton diffusion potential (∆pH) alone.
There is considerable experimental data supporting this
general sequence of events (e.g., refs17 and 18), but the
quantitative implications of these kinetics have not been fully
explored. In Figure 1, ECSinv indicates a substantial∆pH
was generated by illumination.

Increasing the KCl concentration decreased the extent of
ECSss, completely eliminating it by 50-100 mM salts. In
contrast, ECSinv was relatively insensitive to salt. The
halftime for recovery of ECSinv to baseline decreased withI
(or KCl concentration), from about 25 s at 5 mM to 7 s at
105 mM. The total change of the the ECS from the steady
state to the full extent of field inversion, i.e., ECSss- ECSinv,
termed ECSt, decreased with increasing salt concentrations.
The kinetics of decay from ECSss to ECSinv were constant
at 19-22 ms between 5 and 55 mM KCl, but decreased to
12 ms at 105 mM, coincident with a slight decrease in the
extent of ECSinv.

The light-induced ECS kinetics at low salt concentrations
(Figure 1) was strikingly similar to the∆ψ kinetics reported
by Remišet al. (79), using glass microelectrodes in giant
chloroplasts ofP. metallia. In contrast, the data of Vreden-
berg and co-workers (17, and references therein) and
Bulychev et al. (80), also obtained with microelectrodes,
showed 20-100-fold more rapid kinetic features, while the
steady-state magnitude of∆ψ was considerably smaller and
∆ψinv appeared to be truncated (compare Figure 2.10 of ref
18 and Figure 2 of ref80 with Figure 2 of ref79 or Figure
1 in this work). As will become apparent below, all of these
features can be explained by high ionic strengths. It may be
important that the electrodes used in the study of Remisˇ et
al. (79) were filled with 1 M cholate-chloride, while those
of Bulychev et al. (80) and Vredenburg and co-workers
(reviewed in ref14) were filled with 2.5 M KCl.

The dependence of kinetics and extents of ECS parameters
on the concentration of added MgCl2 was nearly identical
to that seen in Figures 1 and 2, except they were 2-3-fold
more sensitive to MgCl2 than to KCl concentration (not
shown). We conclude thatpmf parsing is sensitive to ionic
strength. These data are also consistent withPMg2+ ≈ PK+

(see above).
Simulations of Transthylakoid∆ψ and∆pH Storage. The

purpose of our simulations was to test the potential role of
ionic strength on the parsing ofpmf into ∆ψ and∆pH, and
not to mimic all of the nuances of photosynthesis. Conse-
quently, a number of simplifications were made (see above).
There are two notable differences between our calculations
and those of Vredenburg and co-workers (17). First, we used
CCCP-containing and CF1-depleted (not shown) systems to
avoid the complexities of ATP synthase activation. Second,
we assumed that counterion flux was proportional to overall
concentration and∆µ̃i (eq 2). In fact, the actual kinetic
behavior will depend on the specific mechanism for the
transporters that are involved, and these have not been
sufficiently characterized to fully model. We note that our
treatment well accounts for available data on Cl- channels
(81), but future refinements will be necessary to fully account
for the slight rectifying nature of thylakoid cation channels
(59). Likewise, the effects of a thylakoid Ca2+/H+ antiporter,
as demonstrated by Ettinger et al. (82), are beyond the simple
model described here. Nevertheless, as will be shown below,
our simple model naturally predicts the behavior of isolated
thylakoids when literature values for the input parameters
were used. Moreover, we will show that even large changes
in these kinetic parameters have marginal effects on the
parsing ofpmf into ∆ψ and∆pH in the steady state, where
the thermodynamic interaction among∆µ̃i, ∆ψ, and∆pH,
rather than kinetic considerations, will dominate.

Effects of Varying Ionic Strengths.The effects of ionic
strength on light-induced kinetics of∆ψ (Figure 3A),pmf
(Figure 3B), and∆pH (Figure 3C) at a range of KCl
concentrations were simulated for 135 s light exposure using
the above model and parameters. Figure 4 shows the KCl
concentration dependence of steady-state transthylakoid∆ψ
(∆ψss), ∆pH (∆pHss), andpmf (pmfss) as well as the extents
of field inversion (∆ψinv) and the total changes in∆ψ (∆ψt)
upon light-dark transitions. In all cases,∆pH values were
scaled by 2.3RT/F and expressed in volts.

At 5 mM KCl, ∼40% of thepmfwas stored as∆ψ in the
steady state. Increasing the KCl concentration from 5 to 105

FIGURE 2: Dependence of light-induced steady-state electrochromic
shift parameters in thylakoids on ionic strength (I). Data were taken
from the curves shown in Figure 1. The steady-state ECS value
[ECSss (9)] was obtained just prior to the light-dark transition.
The extent of field inversion [ECSinv (b)] was taken as the negative
of the maximum undershoot after the light-dark transition. The
total ECS change upon the light-dark transition [ECSt (2)] was
the sum of ECSssand ECSinv. The white squares represent the ratio
of ECSss to ECSt.
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mM led to a progressive decrease in∆ψss, from 45 mV to
negligible. Meanwhile,∆pHssincreased from∼60 to 90 mV.
The increase in∆pH with increasing KCl concentration did
not completely compensate for the decrease in∆ψss, resulting
in a decrease inpmfss, from about 115 to about 80 mV, as
the KCl concentration was increased from 5 to 105 mM.
This resulted from the lumen pH-imposed control of
photosynthetic electron transfer with a pKa of 5.5 (see above).

At I ) 5 mM, simulated∆ψinv was within 90% of (2.3RT/
F)∆pHss, indicating that just after the light-dark transition,
the poise of∆pH was nearly canceled by the inverted field.
However,∆ψinv dropped to about 50% of (2.3RT/F)∆pHss

at I ) 105 mM. In effect, more rapid counterion movements
masked∆ψinv, essentially, by “truncating” the decay curve
and by decreasing half-times for decay of∆ψss to ∆ψinv,
from 17 to 7.5 ms betweenI ) 5 and 105 mM (see the inset
of Figure 3A for expanded decay kinetics at 5 and 105 mM).
The half-times for decay of∆ψinv and∆pHssto baseline also
decreased, from∼10 s atI ) 5 mM KCl to ∼2 s atI ) 105
mM KCl. This was expected because a large∆ψinv will
decreasepmf, slowing the dissipation of∆pH, as indicated
in the decay kinetics ofpmfss. In addition, the half-times for
the establishment of steady-state conditions upon the dark-
light transition decreased from∼15 to 3 s, asI was increased
from 5 to 105 mM, reflecting the increased rate of ion fluxes.

Effects of Varying Model Parameters on the Extents and
Kinetics of∆pH and∆ψ. Each of the model parameters was
independently varied to determine which were the most
important for controlling the kinetics and parsing ofpmf.
The lumen surface/volume ratio had only small effects on
both the parsing and kinetics ofpmf storage (not shown).
Likewise, increasing or decreasing the membrane capacitance
by 1 order of magnitude had only small effects onpmf
parameters, because the number of charges stored across the
thylakoid always remained much smaller than the number
of buffered protons (not shown).

Next to I, â had the most important effect on the parsing
of pmf. Figure 5 shows that there is a linear relationship
betweenâ and theI required to dissipate half of the∆ψ,
i.e., that which gave a∆ψ/pmf of 0.5, which we callI50.

Figure 6 shows the simulated effects of changing ion
permeability (PCl- and PK+) while maintaining the KCl
concentration at 10 mM. Changes inPCl- andPK+ of 3 orders
of magnitude had no effect on steady-statepmf, ∆pH, or
∆ψ. This is because, in a true steady state, the diffusion
potential of the ions will reach local equilibrium with∆ψ
and thus kinetic factors will become insignificant. Increasing
PCl- andPK+ had large effects on the kinetics of establishment
of steady-state conditions, from∼30 s to a few seconds.

Kinetics of Light-Induced ECS in Intact LeaVes. Figure 7
shows typical ECS kinetic traces from an intact spinach leaf
illuminated for either 6 or 65 s with 300µmol of photons

FIGURE 3: Numerical simulations of the effects of ionic strength
on transthylakoidpmf parameters. Iterative simulations were
performed as described in the text, using the following input
parameters. Simulated data were stored at 100µs intervals during
the first 10 ms following dark-light or light-dark transitions, and
at 20 ms intervals thereafter: (A)∆ψ, (B) (2.3RT/F)∆pH, and (C)
total pmf. The simulated ionic strength (i.e., [KCl]) was set at 5
(s), 10 (- - -), 30 (- - -), 55 (- - -), and 105 mM (- - - -).
Corresponding line types are also indicated in panel B. The insets
of panels A and C indicate the rapid decay kinetics, upon the light-
dark transition, of∆ψ and pmf, respectively, for 5 (s) and 105
mM (- - - -), respectively. The arrows immediately above and
below the insets in panels A and C, respectively, indicate the time
scale of these curves. TheY-axes of the insets were expanded to
best illustrate the decay kinetics and are thus in arbitrary units.

FIGURE 4: Dependence of simulated light-induced transthylakoid
pmf parameters on ionic strength (I). Data were taken from the
simulated curves shown in Figure 3. The steady-state∆ψ value
[∆ψss(9)] was obtained just prior to the light-dark transition. The
extent of field inversion [∆ψinv (b)] was taken as the negative of
the maximum undershoot after the light-dark transition. The total
∆ψ change upon the light-dark transition [∆ψt (2)] was the sum
of ∆ψss and∆ψinv. The white squares represent the ratio of∆ψss
to ∆ψt. The steady-state (2.3RT/F)∆pH (∆pHss) values are shown
with the white circles, while the total steady-statepmf(pmfss) values
are shown with the white diamonds. The values of the fraction of
pmfstored as∆ψ in the steady state, i.e., the ratio of∆ψss to pmfss,
are shown with the white triangles.

FIGURE 5: Simulated dependence of the ionic strength required to
dissipate∆ψssby 50% on the buffering capacity (â) of the thylakoid
lumen. Simulations were carried out at a range of ionic strengths
(from 0 to 0.1 M), as in Figure 3, except thatI was held constant
at 50 mM, whileâ was changed from 12.5 to 40 mM. The ionic
strength at which∆ψss/pmf reached 0.5,I50, was estimated from
plots as in Figure 4 (4). A linear relationship, passing through the
origin, with a slopeI50/â of 0.1.
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m-2 s-1. The data were averages of four separate traces and
taken in alternating order, with a 2 min dark adaptation
between each light exposure to ensure that the physiological
status of the leaf was constant. The 65 s illumination trace
appeared very similar to those reported previously by us in
Solanum nigramleaves (27) except that the induction upon
illumination was more complex in our earlier work. This
likely resulted from the relatively short dark adaptation times
used in this work, which presumably maintained Calvin-

Benson cycle enzymes in their active forms. In addition, the
kinetic and steady-state features of ECS in the leaf were
strikingly similar to those observed in isolated thylakoids at
low I (or KCl concentration) (compare with Figure 1). After
a brief (6 s) illumination,pmfwas stored almost exclusively
as ∆ψ, as indicated by the small extent of ECSinv. With
longer illumination, ECSssgradually decreased after an initial
spike, with a half-time of∼10-15 s, to a value of about 2.5
units. Upon the light-dark transition, ECS fell sharply with
a half-time of∼20 ms to an ECSinv value of∼1.75 units.
ECSinv then decayed to baseline with a half-time of∼10 s.
When offset and normalized, the ECS decay kinetics after
illumination for 6 and 65 s were nearly superimposable.

DISCUSSION

Our previous arguments (22) about the steady-state pH of
the chloroplast lumen fell into two distinct categories. Those
based on the turnover rates and stabilities of lumen enzymes
suggested that the lumen pH remained above∼5.8. On the
other hand, arguments based on the energy inpmf needed
to activate the ATP synthase and maintain∆GATP suggested
that the pH remained well below 5.5. One of the main
assumptions in the energetics argument was that allpmfwas
stored as∆pH. However, even a small contribution of∆ψ
to pmfss (∼30 mV, equivalent to∼0.5 pH unit) could
reconcile the two arguments.

With respect to this line of reasoning, we asked the
following five major questions in this work. (1) Under what
conditions can∆ψ be stably stored across the thylakoid
membrane? (2) Are the conditions favorable for∆ψ storage
likely to be physiological? (3) Can the ECS be used to
monitor ∆ψ and ∆pH in vitro and in vivo? (4) Are ECS
measurements in intact plants compatible with a substantial
fraction of ∆ψ storage? (5) What are the possible implica-
tions of ∆ψ storage for the control of regulation of
photosynthesis?

Experiments performed on isolated spinach thylakoids
(Figures 1 and 2) demonstrated that a significant fraction of
transthylakoidpmfcan be stored as∆ψ for extended periods
of time, most likely indefinitely, provided that activities of
ions permeable to the thylakoid membrane was kept low,
consistent with earlier results (10-13). However, these
experiments alone were inadequate for defining other
parameters that might influence storage. We turned to
computer simulations not only to give us an idea of what
factors control∆ψ storage but also to confirm our observa-
tions about the effect ofI. Extensive simulations, using a
simplified flux model and literature values for thylakoid
properties, suggested that the parsing ofpmf into ∆ψ and
∆pH is controlled mainly by two main parameters: (1) the
ionic strength of permeable ions (Figures 3 and 4), and (2)
the lumen buffering capacity (Figure 5).

The dependence of∆ψsson I, observed both in simulations
(Figures 3 and 4) and in vitro (i.e., measured as ECSss,
Figures 1 and 2), is consistent with the prevailing, and well-
established, hypothesis that∆ψ is dissipated by counterion
fluxes. In the steady state,∆ψ will come into equilibrium
with the diffusion potentials of the counterion pools. To mask
the∆ψ created by H+ influx, stoichiometric net movements
of charges must occur across the thylakoid membrane. The
resulting differential ion concentrations will create a diffusion

FIGURE 6: Simulated effects of ion permeability on the parsing of
transthylakoidpmf into ∆ψ and∆pH. Numerical simulations were
performed as described in the legend of Figure 3, except that [KCl]
) 10 mM, â ) 0.05, pKreg ) 6.5, and the permeabilities of Cl-

and K+ were set equal to each other over a range of values from
0.5× 10-9 to 5× 10-7 cm s-1. The values ofpmfss, ∆ψss, (2.3RT/
F)∆pHss, and ∆ψinv are shown with the white diamonds, black
squares, white circles, and black circles, respectively. The half-
time values for decay of∆ψss to ∆ψinv are shown with the white
squares.

FIGURE 7: Light-induced electrochromic shift (ECS) signals in an
intact spinach leaf. An intact spinach leaf was placed in the diffused
optics flash spectrophotometer (DOFS) and illuminated with 300
µmol of photons m-2 s-1 for either 6 s [trace A (O)] or 65 s [trace
B (9)], and the ECS signal was measured and deconvoluted as
described in the text. The data were offset to allow clear visualiza-
tion of both traces. The inset (C traces) shows an expanded view
of the ECS decay kinetics upon the light-dark transition. To allow
good comparisons of decay kinetics, traces A and B were
normalized by eye to their full extents of ECSt.
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potential that will hinder further ion movements. It follows
that ∆ψss will depend on the initial ionic strength and on
the net proton flux into the lumen. The latter is dependent
on â because this will determine the “proton load” needed
to acidify the lumen by a particular extent (Figure 5). Altering
other thylakoid properties, including membrane capacitance
and individual ion permeabilities, had only small effects on
the magnitudes of simulationpmfcomponents in the steady
state.

Comparisons of in Vitro ECS Assays with Simulations.
One of the most remarkable features of the above simulations
is that, using parameters obtained from the literature, they
very closely match the results of the thylakoid experiments
described in Figures 1 and 2 without further manipulation.
In Figure 1, atI ≈ 5 mM, an initial spike in ECS was
followed by a gradual decline to about half the maximum
value with a half-time of∼10 s. This was very similar to
the 5 mM KCl simulations depicted in Figure 3, except that
the decline to the steady-state levels was∼3-fold slower
(note the different time scale for the simulations). In
simulations, the decline was due to acidification of the lumen,
which restricted electron flow at the cytb6f complex. This
likely holds for the thylakoid system as well (see the review
in ref 24). When the sample was held in the dark, ECSss

declined rapidly with a half-time of∼20 ms to an ECSinv

value that was about equal to ECSss. This was very similar
to the kinetics of∆ψ in the simulations atI ) 5 mM. The
recovery from ECSinv to baseline had a half-time of∼15 s,
whereas the simulations were again∼3-fold slower. The
increase in decay rates could possibly reflect the under-
estimation ofPK+ andPCl- in our model. Yet, as suggested
by simulations where ion permeability was altered (Figure
6), this should not affect the relative, steady-state extents of
∆ψ and∆pH. In agreement with this prediction, the extents
of ECSss, ECSinv, and ECSt (in thylakoids) and∆ψss, ∆ψinv,
and ∆ψt (in simulations) had almost identical (relative)
dependencies on KCl concentration (I), as did the ECSss/
ECSt and∆ψss/∆ψt ratios (Figures 2 and 4).

Estimations of∆pH Based on ECSinV. The simulations
described in Figures 4 and 6 show that, when ion fluxes are
substantially slower than that of protons during the initial
decay in a light-dark transition, the magnitude of∆ψinv is
expected to closely reflect the∆pH component ofpmf. On
the other hand, at high ionic permeabilities (Figure 6), as in
the presence of valinomycin, or at highI (Figure 4),∆ψinv

will be masked by counterion movements and∆ψinv will
significantly underestimate∆pH. It is thus clear that the
extent of∆ψinv will provide a reasonable estimate of∆pH
when counterion fluxes are significantly slower than proton
fluxes, but not when rapid ion movements effectively
compete with proton flux. It should, though, be possible to
assess the extents of such competition by its effect on∆ψss

f ∆ψinv or ∆ψinv f baseline decay kinetics. The close
correlation of in vitro ECS kinetics with the simulated∆ψ
(Figures 2 and 4) led us to conclude that at lowI (5 mM),
ECSinv should be within∼10% of ∆pH, while at 105 mM
KCl, it may give an estimate∼50% lower than the true∆pH.

Another potentially useful parameter is∆ψss/∆ψt, which
should reflect the fraction ofpmf stored as∆ψ (i.e., ∆ψss/
pmf). ∆ψss/∆ψt had a dependence onI almost identical to
that of∆ψss/pmft, because the errors in estimating∆pHssfrom
∆ψinv were largest when∆ψ was nearly completely masked.

We thus argue that ECSss/ECSt represents a reasonable
estimate of the fraction ofpmf stored as∆ψ, over a broad
range ofI, in the absence of exogenously added ionophores
(see Figure 6). Using this estimate, and the data in Figure 2,
we suggest that thylakoids suspended in a medium with an
I of 5 mM store∼40% ofpmfas∆ψ, and that this fraction
decreases with a half-effectiveI of ∼20 mM. As typical
thylakoid resuspension buffers haveI values of>50 mM,
we conclude that most in vitro assays have been conducted
under conditions wherepmf is stored almost exclusively as
∆pH.

Parsing of pmf in Vitro.Order of magnitude comparisons
of our simulations and in vitro assays with literature estimates
of pmfss would be a useful first-order assessment of the
relevance of our work. In our thylakoid preparations, a fully
saturating flash produced an ECS of about 1.4× 10-3 ∆I/I0

unit (not shown). Literature estimates of∆ψ produced by a
single-turnover flash range from∼25 to 100 mV (see the
review in ref29). Considering that ECSt reached 2.5× 10-3

unit at low I, where dissipation of∆ψinv should have been
small, we estimate a steady-statepmf in our thylakoids of
45-180 mV, spanning thepmf range predicted from∆pH
(48) and∆GATP measurements (see ref22). At I ) 5 mM,
∆ψsscould be estimated to be between 16 and 63 mV. Under
the same conditions, the simulations produced somewhat
lower pmfvalues, from 80 to 110 mV. Given the significant
degrees of freedom in our calculations, and in the estimates
of the slope of ECS versus∆ψ, we conclude that both our
in vitro assays and simulations yielded reasonable extents
of pmf.

pmf in ViVo. Consistent with our earlier results (27), Figure
7 shows that even after illumination for 65 s a significant,
positive ECSss remained in intact spinach leaves. This
observation suggests that, as in thylakoids, a substantial
fraction of pmf can be stored as∆ψ in vivo, at least under
the conditions used in our assays. The chlorophyll contents
of intact leaves (∼25-35 µg/cm2) were, on the basis of
probed area, roughly 2-fold higher than those of our thylakoid
suspensions (∼20µg/mL with a a path length of 1 cm). When
scaled by this factor, the amplitude of light-induced ECSss

was within a factor of 2 of that observed in the thylakoids
at anI of 5 mM (Figure 1). We take this as strong evidence
that ∆ψss is roughly 25-100 mV higher after exposure for
65 s to 300µmol of photons m-2 s-1 than in the dark.
Microelectrode experiments (e.g., ref79) show considerably
lower amplitudes of∆ψ, but since both electrode sealing
and placement will affect the amplitudes of the signals, it is
difficult to ascertain whether the reported values are quan-
titative representations of true∆ψ. The significant∆ψss

estimated from our experiments is likely due to a low in
vivo chloroplastI, as both the establishment of∆ψss and
the recovery of ECSinv were quite slow (>15 s), as observed
in vitro at I < 10 mM (Figures 1 and 2).

The next obvious question is what fraction ofpmf is stored
as∆ψ, in vivo? Judging from the slow recovery of ECSinv

to baseline and the stable∆ψss (Figure 7), we expect that
the concentrations and permeabilities of ions in the chloro-
plast in vivo are low. At first glance, this appears to indicate
that ECSinv can safely be used as a probe of∆pH in vivo.
However, we must also consider the effects of ATP synthase
regulation. The ATP synthase is kinetically disabled when
the membrane is not energized, presumably to prevent ATP
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hydrolysis in the dark (61, 83, 84). It is activated when the
pmfwas increased over the activation threshold level, which,
in turn, is modulated by thioredoxin-mediated redox chem-
istry. In the dark, a pair of cysteines in theγ-subunit of the
ATP synthase are oxidized coordinately, forming a disulfide
bridge, while in the light, the disulfide bridge is reduced by
thioredoxin. In isolated thylakoids, thepmf required to
activate the complexes in the oxidized form was found to
be energetically equivalent to∼2-3 pH units, while that
required to activate the reduced form was about 1 pH unit
lower (2, 61). In dark-adapted intact leaves, this regulatory
behavior is reflected as a distinct slowing of the ECS decay
kinetics as the extent of the signal decays (29, 85). In
contrast, the conditions used in this work strongly favored
the ATP synthase in its reduced form (85). Under these in
vivo conditions, the ATP synthase is highly conductive to
protons, and most, but not all, of the ECS decays after single-
turnover flash excitation (29). Our simulations indicate that
the slowly recovering phase would almost certainly be
masked by counterion fluxes, leading to an underestimate
of ∆pH from ECSinv.

To test for kinetic effects of ATP synthase regulation, we
compared ECS decay kinetics after short (6 s) and long (65
s) illuminations, where both the amplitudes ofpmf and its
apparent parsing into∆pH and∆ψ differed. Figure 7 shows
that ECS decay kinetics observed after illumination for 3 or
65 s were nearly identical. This strongly suggests that the
conductivities of protons (through the ATP synthase) and
counterions (through channels) were similar under both
conditions. By extrapolation, this implies that, despite the
apparent change inpmf parsing (from nearly essentially all
∆ψ after 6 s to ∼50% ∆pH at 65 s), and the∼1.5-fold
difference in ECSt amplitudes for the two illumination
conditions, the force-flux relationship at the ATP synthase
was essentially unchanged. We have observed similar
behavior during steady-state illumination of intact spinach
leaves, where the half-time for decay of ECS was unchanged
by light intensity over a wide range, where the amplitude of
ECSt differed by a factor of∼10 (56). This suggests that, in
contrast to dark-adapted plants illuminated with flashes,
under conditions more resembling the steady state, the ATP
synthase remained active during essentially the entire ECS
decay. This could be explained if, under our conditions, ATP
hydrolysis in the dark maintained thepmf above the
activation threshold for the ATP synthase between illumina-
tion periods. In this case, our baseline ECS value would
represent the basal (or dark)pmf. Indeed, the existence of a
dark or basalpmf has been inferred from studies of green
algae (25, 26), as well as higher plants (29). If such a basal
pmf is generated by reversal of the ATP synthase reaction,
then its magnitude would approach∆GATP/n in the dark. If
it is assumed that∆GATP does not change appreciably during
illumination, as expected from literature estimates (e.g., ref
86), light-driven ECS changes would still be comparable to
each other. Thus, ECSss and ECSinv would not reflect the
absolute values of∆ψ and∆pH, but instead would represent
the light-dark differences in these values. Using the
estimates of the relationship between∆ψ and ECS given
above, we estimate that illumination of chloroplasts in intact
spinach plants increases transthylakoidpmfbetween 60 and
190 mV. Of course, this does not include contributions from
basalpmf.

Another approach to estimating in vivo, steady-state∆ψ
would be to use ECS kinetics to estimate the fraction ofpmf
stored as∆ψ, and back-calculate from estimates of∆GATP.
If no truncation of ECSinv occurred, the data in Figure 7
suggest that∼50% of pmf was stored as∆ψ. Given our in
vitro experiments, it is likely that from 10 to 50% of ECSinv

was truncated. Using a conservative estimate of 30% ofpmf
stored as∆ψ, and assuming near-equilibrium betweenpmf
and∆GATP, and a∆GATP of 45 kJ/mol, a stroma pH of 7.5,
and an H+/ATP (n) ratio of 4 (see the review in ref22), the
lumen pH should reach∼6.1. This is in agreement with the
range predicted from estimates of lumenal enzyme kinetics
and stabilities (22).

Ionic Strength of the Chloroplast.We have presented data
suggesting that, in vivo, a significant∆ψss is held across
the thylakoid membrane. The simplest way to explain these
results is that the ionic strength of thylakoid membrane-
permeable ions (most likely Mg2+, Cl-, and K+) in the
chloroplast is fairly low (<10 mM). The literature on the
chloroplast ionic balance and permeability remains confusing.
Measured Mg2+ concentrations ranged from 2 to 18 mM, a
significant fraction of which is expected to be bound to the
membrane, LHC complexes, and nucleotides (87, 88). Recent
measurements show very low Cl- content and activity, from
∼1-3 mM (87, 89). K+ concentrations varied from about
∼20-30 mM (see reviews in refs88 and 90) to 180 mM
(87). However, much of the K+ appears to be bound or
sequestered in the chloroplast (88, 91, 92) and does not
diffuse out of the envelope even in the presence of high
concentrations of valinomycin. Similarly, the chloroplast
preparations of Schro¨ppel-Meier and Kaier (87) retained
essentially all K+ for up to 10 min when suspended in a
low-salt medium, despite the fact that cation and anion
channels are both present and probably active (but see below)
in the thylakoid envelopes (93-98). Possible explanations
for this behavior include a strong Donnan potential in the
stroma (due to its high protein content) (88) or chelation by
impermeable species, effectively lowering the activity of free
K+. The experiments of Schro¨ppel-Meier and Kaiser (87)
were conducted using atomic absorption spectroscopy on
boiled preparations, and did not distinguish between free and
bound ions. We emphasize that it is the activity of free ions,
rather than the total ion content, that will determine the
dissipation of∆ψ.

Further complications come from the fact that the chlo-
roplast inner envelope is energized by ATP-driven proton
pumps, with clear indications of active ion transport proc-
esses (64, 95, 99-102). The pumping of protons from the
stroma to the cytoplasm is light-activated, and probably
dependent upon photosynthesis (reviewed in refs90and103).
The outward pumping of protons sets up a transenvelope
pmf, which drives K+ and Mg2+ influx (to the stroma)
(90) and Cl- efflux (from the stroma) (103, 104). These may
be critical, since counterion movements would tend to
maintaintransthylakoid∆ψ by counteracting the thylakoid
pmf-induced counterion fluxes. Indeed, the ion move-
ments caused by inner envelope energization, by themselves,
would be expected to establish a transthylakoid∆ψ positive
on the lumen side. Regardless, the presence of these light-
dependent processes would imply that chloroplast ionic
balance is held out of equilibrium with its surroundings,
making it difficult to extrapolate physiologically relevant
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ion concentrations from isolated material (see the discussion
in ref 91).

Another important consideration is the possibility of lumen
volume changes, which our simple thylakoid model did not
allow. Light-induced effluxes of cations would tend to shrink
the thylakoid, but since lumen volume is already very small,
further changes would be very limited. In contrast, counter-
fluxes of Cl- can swell thylakoids up to 50-fold (88, 103),
essentially diluting the ensuing Cl- diffusion potential, and
allowing further dissipation of∆ψ. Moreover, the differential
effects of anion and cation fluxes on lumen volume imply
that a low Cl- concentration would be more critical for
maintaining∆ψ than low cation concentrations. In line with
this argument, there is evidence that thylakoids in situ shrink
upon illumination (105), consistent with light-induced cation
efflux. Furthermore, the differential effects of specific
ionophores point toward Mg2+ being the predominant mobile
counterion in chloroplasts (92) (this also contradicts a high
concentration of free K+; see above and the discussion in
ref 88).

Considerable early work was carried out to determine the
effects of ionic strength and balance on electron transfer (88).
The concentration of Mg2+ appeared to have the greatest
effect, because it is required for granal stacking, which affects
the efficiency of light harvesting (88). In addition, extensive
depletion of Ca2+ or Cl- (in the micromolar range) inhibits
PS II at the level of the oxygen-evolving complex (106).
On the other extreme, high salt concentrations (I > 0.1 M)
have been shown to inhibit photosynthesis at the level of
the photosystems (107) and intermediate electron transfer
(108). The ionic concentrations used in this study are such
that none of these extreme effects are expected.

We conclude that little is unambiguously known about the
true ionic content of chloroplasts in vivo. Our data on dark-
adapted leaves, illuminated for∼1 min, are consistent with
activities of permeable ions low enough to allow significant
∆ψss, i.e., probably less than∼10 mM, but sufficiently high
to allow granal stacking and efficient electron transfer.
Obviously, more work is needed to settle these issues.

Effects of pmf Parsing on Regulation or Control of
Photosynthesis.Finally, differential parsing ofpmf into ∆ψ
and∆pH is expected to have large effects on the control or
regulation of photosynthesis. Storage ofpmf as∆pH, with
the resulting acidification of the lumen, is known to affect
the turnover rates of key photosynthetic enzymes and initiate
downregulatory processes (22), whereas∆ψ appears to have
a less significant effect on these processes (26). Thus, in
our simulations (Figures 3 and 4), dissipation of∆ψ by
counterion fluxes results in slower electron transfer, and thus
lower pmfss.

The higher the value of the regulatory pKa, the larger will
be the effect of differentialpmf parsing into∆ψ and∆pH.
In our simulations, a regulatory pKa of 5.5 was chosen
because this best reflected the behavior of the rate limitation
at the cytb6f complex. Yet, the half-time for turnover of the
cyt b6f complex does not change during illumination under
nonstressed conditions (22), indicating that light collection
by the antenna complexes is regulated to keep the lumen
pH above ∼5.8. In other words, a significantly higher
regulatory pKa normally operates in vivo. Therefore, we
suggest thatpmf parsing will have a large effect on the
activity of lumen pH-driven regulatory phenomena.

We further suggest that differential parsing ofpmf
modulates downregulatory processes bypmf. Such changes
could take effect when stress conditions induce, through
active or passive processes, a change in the ionic strength
of the chloroplast, thereby shifting pH regulation. A second
possibility is that the chloroplast may actively change the
buffering capacity of the lumen. However, this seems less
likely as the buffering groups are thought to reside on amino
acid residues and a large change in lumen protein concentra-
tions would be required.

CONCLUSIONS

We have presented evidence that a substantial fraction of
transthylakoidpmf is stored, at least under some in vivo
conditions, as∆ψ. This ∆ψ, estimated to be between 25
and 100 mV after a 65 s illumination at 300µmol of photons
m-2 s-1, would allow a pmf sufficient for maintaining
observed levels of∆GATP with a moderate lumen pH (>5.8)
(22). We further argue that differential parsing ofpmf into
∆pH and ∆ψ will have large effects on the regulatory
behavior of the chloroplast. As evidenced by simulations and
assays on isolated thylakoids, the simplest mechanism
allowing for ∆ψss would be to maintain the low concentra-
tions of thylakoid-permeable ions. We have presented
arguments based on the kinetics of light-induced ECS
changes that this is the case in vivo.
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